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Introduction 
 

Maintaining genome integrity is essential to prevent carcinogenesis (1,2).  During DNA 

replication, genome maintenance requires that several dynamic processes be coordinated at the 

replication fork (3,4).  Damage encountered during DNA replication, termed replication stress, stalls the 

replication fork and challenges the accurate completion of genome and epigenome inheritance.  The 

DNA damage response (DDR) becomes activated in response to replication stress to protect, repair, 

and promote successful completion of chromosome replication (3,5).  Importantly, pre-cancerous 

lesions, such as those of the breast, exhibit high levels of replication stress that activate the DDR (6,7).  

However, the underlying mechanisms that result in genome instability and uncontrolled cell cycle in 

these lesions remain unclear and are significant to understanding breast cancer etiology (7).   

Upon replication stress, the activated DDR signals to recruit protein complexes to stalled 

replication forks to maintain genome and epigenome integrity.  In addition to localization, DDR proteins 

can be post-translationally modified at stalled forks to modulate protein dynamics (3). For example, 

recruitment of the ATR (ATM-and Rad3 related) kinase to stalled replication forks initiates DDR 

signaling and regulation through a cascade of phosphorylation events (3). One target of ATR after 

replication stress is the breast cancer susceptibility gene BRCA1 (8).   

Our understanding of DDR signaling has benefited from genomic screens that have identified 

potential regulators of genome integrity, such as ZFAND3 (zinc finger AN1-type domain containing 

protein 3) (9).  Furthermore, studying genome maintenance proteins has relied heavily on detection of 

protein localization to sites of fork stalling.  Unfortunately, in human cells, current methods for studying 

protein dynamics at replication forks are limited in sensitivity and spatiotemporal resolution (10).  To 

overcome this challenge and analyze protein dynamics at active, stalled and collapsed replication forks, 

we have developed a new methodology termed iPOND (isolation of proteins on nascent DNA) (11).  

We used iPOND to define the dynamics of proteins and post-translational modification in the replisome 

(the proteins necessary to complete DNA replication), particularly after replication stress.  Replication 

stress compromises not only genome, but also epigenome integrity (12).  Chromatin alterations have 

been hypothesized to present a source of genomic instability in cancer (13).  Therefore, our iPOND 

analyses included studies of changes that accompany chromatin deposition and maturation during DNA 
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replication.  Overall, we demonstrate the power of iPOND for studies of replisome and chromatin 

dynamics during normal and replication stress conditions.  

 

 

Body 

 
The initial goal of the proposed research project was to elucidate the function of the novel DNA 

damage response gene ZFAND3.  Several lines of evidence placed ZFAND3 in the DDR pathway.  

ZFAND3 accumulates after DNA damage and functions to sustain the G2/M checkpoint after ionizing 

radiation (IR).  Furthermore, ZFAND3 was identified to interact with the breast cancer gene TOPBP1 

(topoisomerase binding protein 1) in a yeast two-hybrid screen.  Lastly, ZFAND3 depletion sensitized to 

PARP inhibition.  Synthetic lethality with PARP is significant since therapeutic gain has been reported in 

patients lacking the breast cancer susceptibility gene BRCA1 (14).    

As indicated in the statement of work, the first aim was to characterize the function of ZFAND3 

in the DDR.  In accordance with this, we found that depletion of ZFAND3 caused minimal reduction in 

checkpoint signaling through Chk1 phosphorylation after IR, but not UV or HU treatments.  To address 

ZFAND3 knockdown efficiency in the loss of function assays, we raised an antibody to ZFAND3.  

However, the antibody recognized only exogenously expressed tagged protein, which forced temporary 

suspension of task 1.   

The subsequent task was to identify ZFAND3 interacting proteins.  In agreement with the 

proposed outline, we sought to confirm the yeast two-hybrid interaction between TOPBP1 and ZFAND3 

using pulldown methodologies and co-immunoprecipitation (co-IP).  Recombinant GST-tagged 

TOPBP1 fragments and full-length protein were purified and incubated with cell lysates expressing 

tagged ZFAND3.  No interaction between TOPBP1 and ZFAND3 was detectable before or after IR 

damage.  Co-IPs corroborated the pulldown results under all lysis conditions tested.  Therefore, the 

interaction identified in the yeast two-hybrid screen could not be confirmed using the outlined methods.  

The unavailability of a ZFAND3 antibody made further protein-protein interaction studies difficult.   

The final task of the proposal was to examine the mechanism of ZFAND3 accumulation after 

genotoxic stress.  To this end, the stability of HA-tagged protein was determined using pulse-chase 
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methods with cycloheximide.  The ZFAND3-HA half-life did not change following various treatment 

times and doses of IR.  This suggested that accumulation of tagged ZFAND3 was not due to protein 

stabilization after damage, as is the case for other DDR proteins such as p53 (15).  Furthermore, 

aggregation of ZFAND3-HA was found to be clonal and cell-type dependent.  Therefore, the 

subsequent experiments aimed to understand checkpoint regulation of ZFAND3 levels were 

suspended. 

At this point, we completed the list of tasks in the outlined experimental design that could be 

performed without the essential tool—a good ZFAND3 antibody.  With insufficient tools and evidence to 

pursue ZFAND3 function as a TOPBP1 interacting protein that accumulates after DNA damage, we 

redirected our studies to encompass a broader understanding of genome maintenance activities that 

prevent breast cancer.   

To maintain genome integrity, numerous dynamic processes must be coordinated and executed 

with speed and accuracy at the replication fork (3).  Exposure of cells to damaging agents during DNA 

replication can stall replication forks and recruit DDR protein complexes to maintain genome integrity at 

stalled forks (3,5).  Understanding such dynamic activities requires identification of proteins located at 

the replication fork.  In mammalian cells, it has been difficult to stall replication forks at predictable 

genomic loci, making chromatin immunoprecipitation (ChIP)-based methods inapplicable for isolation of 

stalled replisomes.  ChIP of specific endonuclease-induced DSBs has greatly facilitated understanding 

of the DDR after DSBs (16,17,18).  To provide a tool to study the DDR at moving and stalled replication 

forks, we have developed a novel method termed iPOND (isolation of proteins on nascent DNA) (11).  

The iPOND methodology identifies proteins at replication forks via a single-step streptavidin 

purification of biotin-tagged nascent DNA and the associated proteins.  We validated that iPOND 

specifically isolates replisome components, even those that are present at one or two copies per 

replication fork, such as polymerase epsilon.  Therefore, iPOND provides improved sensitivity of 

detection for replisome components compared to the commonly utilized method of 

immunofluorescence.  Of note, iPOND can purify replication proteins that are associated either directly 

or indirectly with nascent DNA (11).   

In addition to improved sensitivity, combining iPOND with pulse-chase methodologies provides 

high spatial and temporal examination of the changing replisome (11).  For example, the replication 
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protein PCNA (proliferating cell nuclear antigen) is recycled from completed Okazaki fragments on the 

lagging strand; however, the timing of this event has remained undetermined in mammalian cells (19).  

Using iPOND pulse-chase, we defined this timing of PCNA recycling, as well as the timing of chromatin 

maturation.  Furthermore, iPOND can monitor the in vivo assembly of chromatin and confirmed 

proposed models of a step-wise deposition of histones onto nascent DNA (11,20).   

To understand the DDR to replication stress, we next analyzed the dynamics of proteins 

recruited and modified at stalled and collapsed replication forks.  We showed that shortly upon 

exposure to the replication stress agent hydroxyurea (HU), the histone variant H2AX is phosphorylated 

(termed γH2AX) at stalled replication forks.  Phosphorylated H2AX is typically considered a marker of 

DSBs (21).  However, we detected γH2AX early in the response to HU, prior to evidence of DSB 

formation at a stalled fork (22).  Early γH2AX corresponded to phosphorylation of RPA on Ser33, an 

ATR kinase target site (23).  The subsequent RPA phosphorylation on Ser4/8, which are DNA-PK sites, 

occurred after prolonged exposure to replication stress (23).  This suggests that ATR phosphorylates 

RPA immediately after fork stalling, while DNA-PK phosphorylates RPA at persistently stalled forks.   

Prolonged exposure to replication stress exhibited enrichment of DSB repair proteins Mre11, 

KU70/80 and the recombinase Rad51 at stalled forks.  Our data suggest that persistently stalled forks 

collapse into DSBs within four hours of fork stalling.  Furthermore, accumulation of Rad51 to 

persistently, but not transiently stalled forks depends on the nuclease activity of Mre11, similarly to the 

mechanism that recruits Rad51 to DSBs (24).   

At DSBs, γH2AX spreads from the DSB to facilitate DDR signaling (25,26).  Several 

observations of γH2AX patterns at stalled forks led us to test whether γH2AX also spreads from a 

stalled replication fork.  Indeed, using various iPOND pulse-chase methods, we showed that γH2AX 

spreads from stalled replication forks to include a large chromatin domain.  Of note, the propagation of 

γH2AX occurs shortly after exposure to replication stress.  To examine the checkpoint kinases 

responsible for initiating and spreading γH2AX, we tested the necessity of ATR, ATM and DNA-PK in 

time course experiments.  Our results are consistent with a model wherein ATR phosphorylates H2AX 

at stalled forks and promotes initial γH2AX spreading.  Longer exposures to replication stress require 

the combined activities of ATR, ATM, and DNA-PK to initiate, spread and maintain γH2AX at the stalled 

fork and in regions proximal to the fork.  
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The iPOND methodology and findings described above have been incorporated into a 

manuscript that has been published in Genes and Development (see appendix). 

 

 

Key Research Accomplishments 

• Completion of proposed plan for characterization of ZFAND3 in the DDR 

• Development of a novel methodology iPOND (isolation of proteins on nascent DNA) to study the 

DDR at stalled replication forks in mammalian cells at high spatial and temporal resolution 

• Validation of iPOND to show replisome dynamics and the timing of chromatin assembly and 

maturation 

• Characterization of dynamic replisome composition at stalled and collapsed replication forks 

• DSB repair proteins are recruited to persistently stalled replication forks 

• γH2AX spreads from stalled replication forks in an ATR, ATM, and DNA-PK dependent manner 

• Rad51 protein accumulation at persistently stalled replication forks depends on Mre11 nuclease 

activity 

 

Reportable outcomes 

1. Publication of iPOND as novel method to study genome maintenance activities at replication 
forks in mammalian cells 

a. Title:  Analysis of protein dynamics at active, stalled and collapsed replication forks 
b. Authors: Sirbu BM, Couch FB, Feigerle JT, Bhaskara S, Hiebert SW, Cortez D 
c. Published:  June 2011 Genes and Development. 25(12):1320-7 

 
2. Oral presentation of iPOND methodology  

a. Title:  Analysis of protein dynamics at active, stalled and collapsed replication forks 
b. Speaker:  Sirbu BM 
c. Meeting:  Gordon Research Conference, Cell Growth and Proliferation, June 29, 2011, 

Biddeford, ME. 
 

3. Poster presentation of iPOND methodology 
a. Title:  Analysis of protein dynamics at active, stalled and collapsed replication forks 
b. Authors:  Sirbu BM, Couch FB, Feigerle JT, Bhaskara S, Hiebert SW, Cortez D 
c. Meeting:  Gordon Research Seminar, Cell Growth and Proliferation, June 26, 2011, 

Biddeford, ME. 
 

4. Poster presentation describing the iPOND methodology 
a. Title: Analysis of protein dynamics at active, stalled and collapsed replication forks 
b. Authors: Sirbu BM, Couch FB, Feigerle JT, Bhaskara S, Hiebert SW, Cortez D 
c. Retreat: Vanderbilt Ingram Cancer Center Retreat, Nashville, TN, May 2011 
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Conclusions 

Genome integrity must be maintained at the replication fork to prevent cancer (3).  Accurate 

completion of chromosome replication involves the spatial and temporal coordination of genome 

maintenance protein dynamics at replication forks.  Previous studies of the replisome during normal 

and stress responses at stalled forks have relied largely on immunofluorescent imaging to track protein 

localization. While useful, immunofluorescence (IF) has the significant disadvantages of low resolution 

and low sensitivity.  For example, proteins that exist at only single copy levels at replication forks 

cannot be tracked with IF.  To overcome this difficulty, we have developed a new methodology termed 

iPOND to isolate proteins on nascent DNA.  iPOND has dramatically improved sensitivity compared to 

IF and allows the interrogation of dynamic events that occur at the normal and stalled fork with high 

spatial and temporal resolution.    

We used this method to define the timing of histone deposition and chromatin maturation.  We 

found that replication fork stalling causes changes in the recruitment and phosphorylation of proteins at 

the damaged fork. H2AX phosphorylation, typically considered a DSB marker, occurs at stalled 

replication forks and spreads to include chromatin domains away from the replication fork.  This occurs 

in a checkpoint dependent manner prior to evidence of DSB formation at a stalled fork.  Finally, we 

demonstrated a switch in the DDR at persistently stalled forks that includes Mre11-dependent Rad51 

assembly. 

Overall the data we have obtained with iPOND provides the first high-resolution, time-

dependent analyses of protein dynamics at active, stalled, and collapsed replication forks in 

mammalian cells. Furthermore, our results validate iPOND as a powerful method to study DNA damage 

responses, chromatin deposition, and chromatin maturation during DNA replication.  These dynamic 

processes must be well defined to comprehend how their coordination during replication stress 

prevents the genomic and epigenomic instability that is a hallmark of cancerous lesions, such as those 

found in breast cancer.  
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Analysis of protein dynamics at active,
stalled, and collapsed replication forks

Bianca M. Sirbu, Frank B. Couch, Jordan T. Feigerle, Srividya Bhaskara, Scott W. Hiebert,
and David Cortez1

Department of Biochemistry, Vanderbilt University School of Medicine, Nashville, Tennessee 37232, USA

Successful DNA replication and packaging of newly synthesized DNA into chromatin are essential to maintain
genome integrity. Defects in the DNA template challenge genetic and epigenetic inheritance. Unfortunately,
tracking DNA damage responses (DDRs), histone deposition, and chromatin maturation at replication forks is
difficult in mammalian cells. Here we describe a technology called iPOND (isolation of proteins on nascent DNA)
to analyze proteins at active and damaged replication forks at high resolution. Using this methodology, we define
the timing of histone deposition and chromatin maturation. Class 1 histone deacetylases are enriched at
replisomes and remove predeposition marks on histone H4. Chromatin maturation continues even when
decoupled from replisome movement. Furthermore, fork stalling causes changes in the recruitment and
phosphorylation of proteins at the damaged fork. Checkpoint kinases catalyze H2AX phosphorylation, which
spreads from the stalled fork to include a large chromatin domain even prior to fork collapse and double-strand
break formation. Finally, we demonstrate a switch in the DDR at persistently stalled forks that includes
MRE11-dependent RAD51 assembly. These data reveal a dynamic recruitment of proteins and post-translational
modifications at damaged forks and surrounding chromatin. Furthermore, our studies establish iPOND as a useful
methodology to study DNA replication and chromatin maturation.

[Keywords: DNA replication; chromatin; DNA damage response; H2AX; histone acetylation; EdU; click chemistry]
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In human cells, more than 6 billion base pairs of DNA
need to be replicated and packaged into chromatin every
cell division cycle. Failures lead to mutation, epigenetic
changes, and other chromosomal aberrations that ulti-
mately cause diseases such as cancer. DNA replication is
coordinated with chromatin assembly (Probst et al. 2009).
The replisome, containing the proteins necessary to com-
plete replication, is a dynamic machine that must work
with speed and precision. DNA lesions, insufficient nucle-
otides, and other types of replication stress cause fork
stalling. In these circumstances, theDNAdamage response
(DDR) mobilizes repair activities to stabilize the fork,
resolve the problem, and complete DNA synthesis (Harper
and Elledge 2007; Cimprich and Cortez 2008).
The DDR to replication stress is poorly understood in

comparison with the response to double-strand breaks
(DSBs). For example, there are extensive modifications to
the chromatin surrounding a DSB, including destabiliza-
tion of nucleosomes, chromatin remodeling, and histone
post-translational modifications (Morrison and Shen 2009;
van Attikum and Gasser 2009; Rossetto et al. 2010;

Venkitaraman 2010). These changes increase access to the
repair machinery and recruit proteins involved in repair
and DDR signaling. The extent to which chromatin
changes at a stalled forkmimic those at a DSB is unknown.
Replication provides a unique landscape and set of

challenges compared with a DSB. The immediate vicinity
of the replisome lacks nucleosomes. Also, half of the
histones on the nascent DNA are newly synthesized and
require changes in post-translational modifications to
restore the proper chromatin structure. Finally, several
mechanisms exist to recover stalled replication forks,
which necessitate the recruitment of multiple enzymatic
activities and, perhaps, different chromatin changes.
The difference in our knowledge of the responses at

stalled forks compared with DSBs is due primarily to the
increased technical challenges of studying replication
stress. For example, several investigators have used site-
specific DSBs combined with chromatin immunoprecip-
itation (ChIP) to examine proteins at breaks with high
resolution (Rudin and Haber 1988; Rodrigue et al. 2006;
Soutoglou et al. 2007; Berkovich et al. 2008). Thus far,
site-specific analysis of active and stalled replisomes in
mammalian cells has not been achieved. We addressed
this technical limitation by developing the iPOND (iso-
lation of proteins on nascent DNA) methodology. iPOND

1Corresponding author.
E-mail david.cortez@vanderbilt.edu.
Article is online at http://www.genesdev.org/cgi/doi/10.1101/gad.2053211.
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permits the isolation and analysis of proteins at active,
stalled, and collapsed replication forks. It can also probe
the changes that accompany chromatin deposition and
maturation following DNA synthesis. We demonstrate
the power of iPOND by defining the dynamics of proteins
and post-translational modifications in the replisome and
on the newly deposited chromatin.

Results

Development of iPOND

Tracking the location of any single replisome in a mam-
malian cell is not possible, limiting the utility of ChIP-
based technologies. To overcome this technical limitation,
we used the thymidine analog 5-ethynyl-29-deoxyuridine
(EdU) (Salic and Mitchison 2008), which contains an
alkyne functional group. Covalent linkage to a biotin-azide
using click chemistry (Moses and Moorhouse 2007) facil-
itates single-step purification of the EdU-labeled nascent
DNA and associated proteins at replication forks (Fig. 1A).
To validate this methodology we first asked whether

we could detect replisome proteins. We labeled cells with
EdU for 10 min then performed iPOND. We detected
proliferating cell nuclear antigen (PCNA), chromatin
assembly factor 1 (CAF-1), replication protein A (RPA),
and two subunits of polymerase e (Fig. 1B). These results
indicate that iPOND can purify replisome proteins, in-
cluding those indirectly bound to DNA such as CAF-1
(Shibahara and Stillman 1999). Furthermore, they indi-
cate that iPOND is a highly sensitive methodology. We
are able to detect proteins such as POLE2 and POLE3,
which are expected to be at a density of only one or two
molecules per fork (Fig. 1B). Thus, unlike immunofluores-
cence, iPOND does not require high concentrations of
proteins within a small nuclear region to track protein
localization. Of note, proteins not present at replication
forks, such as GAPDH, are not detectable in iPOND cap-
tures (data not shown).

In time-course experiments, we detected PCNA and
CAF-1 after a 2.5-min pulse of EdU, histones H2B and H3
after 5 min, and the linker histone H1 at 20 min after EdU
addition (Fig. 1C). Thus, with short labeling times, we
selectively purify proteins at the replication fork, and
longer labeling times permit analysis of chromatin assem-
bly. The order of histone deposition supports previous
fractionation data indicating that H1 is added 10–20 min
after DNA replication to create higher-order chromatin
structures (Worcel et al. 1978).
The resolution of this technique depends on the length

of the EdU pulse, the rate of DNA synthesis, and the size of
the DNA fragments generated after cell lysis. In practice,
the first two parameters are the most important, since we
consistently obtainDNA fragments of;150 base pairs (bp)
(Supplemental Fig. 1). In mammalian cells, the rate of
DNA synthesis varies between 0.75 and 2.5 kb/min
(Herrick and Bensimon 2008). Thus, a 2.5-min EdU pulse
labels ;2–6 kb, although this is likely a significant over-
estimation, since EdU must enter the cell and be phos-
phorylated before incorporation into DNA. Thus, iPOND
resolution is on the order of a few thousand base pairs.
Importantly, iPOND can be combined with pulse-chase

methods to track how proteins assemble and disassemble
from a nascent DNA segment with high spatial and
temporal resolution. Increasing chase times monitor
DNA-associated proteins at greater and greater distances
from the moving fork. In these experiments, histone
levels remain constant, indicating that the procedure
effectively captures a maturing chromatin segment of
constant length (Fig. 1D). However, PCNA and CAF-1
levels purified with the EdU-labeled segment decline
with a half-life of considerably <10 min of chase time
(Fig. 1D). These data indicate that iPOND isolates chro-
matin-associated proteins specifically located at the rep-
lication fork, and are consistent with rapid unloading of
PCNA andCAF-1 once Okazaki fragment DNA synthesis
is complete.

Figure 1. Development of the iPOND
technology. (A) iPOND begins by adding
EdU to cultured cells. The cells are then
treated with formaldehyde to cross-link
protein–DNA complexes, washed, and per-
meabilized with detergent. Copper cata-
lyzes the cycloaddition of biotin-azide to
the EdU-labeled DNA. The cells are then
lysed in denaturing conditions with sonica-
tion. The biotin-labeled DNA–protein com-
plexes are purified using streptavidin-coated
beads, cross-links are reversed, and the
eluted proteins are analyzed by immuno-
blotting or other methods like mass spec-
trometry. (B) Cells were incubated with
EdU for 10 min prior to performing iPOND.
Cells expressing POLE2-HA or POLE3-HA
were used to detect these proteins with the

HA antibody. (C) Cells were incubated in EdU-containing medium for increasing times prior to performing the iPOND protocol. (D)
Cells were incubated with EdU for 10 min. The EdU-containing medium was removed and cells were washed once before incubating for
increasing times in medium containing 10 mM thymidine prior to performing iPOND. In all experiments, the No Clk control is the
input sample in the first lane processed with no biotin-azide.
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Analysis of chromatin maturation using iPOND

Maturation of the new chromatin requires addition and
removal of histone post-translationalmodifications. Newly
synthesized histone H4 is acetylated on two lysines (5 and
12), and these evolutionarily conserved marks are removed
after deposition (Sobel et al. 1995; Taddei et al. 1999). Our
time course experiments indicate that acetylated H4K5
(H4K5ac) is removed rapidly and H4K12ac deacetylation
is slightly delayed (Fig. 2A,B). The delay in K12 deacety-
lation could be due to the activity of chromatin-associated
histone acetyltransferases (HATs) that promote the acety-
lation of this site in some chromatin domains. Indeed, in the
presence of the nonselective HAT inhibitor anacardic acid,
the rate of H4K12 deacetylation becomes identical to H4K5,
with a half-life of <20 min (Fig. 2C,D).
In principle, chromatin maturation—as measured by

H4K5,K12 deacetylation—could be coupled to fork progres-
sion. To test this possibility, we used high concentrations
of hydroxyurea (HU) to stall active replisomes and stop
DNA synthesis. HU addition stalls the fork effectively in
these cells, since the amount of histone capture does not
increase appreciably during the HU treatment (Fig. 2E).
Deacetylation of newly deposited H4 proceeds at the same
rate regardless of whetherDNA synthesis is inhibited. Thus,
chromatin maturation can be uncoupled from replisome
movement.
The histone deacetylase (HDAC) in human cells that

catalyzes the deacetylation of H4K5 and K12 is unknown.
HDAC1 and HDAC2 associate with CAF-1 (Ahmad et al.
1999), and HDAC3 is required—perhaps in late S phase or
G2—to remove H4K5ac (Bhaskara et al. 2010). Indeed, in
pulse-chase experiments, we found an enrichment of

HDAC1, HDAC2, and HDAC3 near the fork (Fig. 2A), and
the selective class I HDAC inhibitor FK228 (Furumai et al.
2002) prevented deacetylation ofH4 (Fig. 2F), suggesting that
all three of these HDACs are involved.

DDR response at stalled replication forks

HU treatment causes DDR activation to stabilize the stalled
fork and induce a cell cycle checkpoint. Previous studies
suggest that HU-stalled forks remain stable and competent
to resume DNA synthesis for several hours; however,
eventually, the stalled fork collapses and DSBs are formed
(Petermann et al. 2010). To further examine this process,
we monitored recruitment and modification of proteins at
stalled forks. The amounts of PCNA and CAF-1 that are
captured at the stalled fork decrease initially after adding
HU to the medium, and then reach a steady state level of
between 20% and 30% of that found at an elongating fork
(Fig. 3A). This PCNA pattern is likely due to unloading of
PCNA from the completed Okazaki fragments.We detected
RPA associated with the fork both before and after HU
addition (Fig. 3A). The amount of RPA detected remained
constant even though RPA accumulates at stalled forks
(Cimprich and Cortez 2008). This discrepancy is explained
because RPA binds only to the single-stranded, template
strand of DNA, which lacks incorporated EdU. Therefore,
iPOND detects only the RPA immediately adjacent to the
newly synthesized dsDNA (Supplemental Fig. 2).
In these experiments, we noticed that at 120 and 240

min after addition of HU, the electrophoretic mobility of
RPA decreased, consistent with phosphorylation (Fig. 3A).
RPA S33 phosphorylation could be detected within 10min
of HU addition, and S4/S8 phosphorylation appeared at 2 h

Figure 2. HDACs are enriched at replication forks
and deacetylate newly deposited histone H4 regardless
of fork movement. (A–E). Cells were labeled with EdU
for 10 min followed, by a chase into thymidine-con-
taining medium for the indicated times prior to per-
forming iPOND. (B) Quantitation of H4 acetylation
levels compared with total H4 in the click reaction
samples from three independent experiments. Error
bars in all figures are standard deviations. (C,D) Ana-
cardic acid (30 mM) was added to the indicated samples.
(E) HU (3 mM) was added to the indicated samples. (F)
Cells labeled with EdU were chased into 3 mM HU
medium with or without 100 nM FK228 prior to
performing iPOND.
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(Fig. 3B). DNA-PK catalyzes S4/S8 phosphorylation and
ATR catalyzes S33 phosphorylation (Anantha et al.
2007), suggesting that ATR phosphorylates RPA imme-
diately after fork stalling, and DNA-PK phosphorylates
RPA only at persistently stalled forks.
H2AX phosphorylation (gH2AX) is often considered

a marker for DSBs (Dickey et al. 2009). However, we
observed gH2AX at stalled replication forks at even the
earliest time points (10 min) after HU addition (Fig. 3B),
well before evidence of DSB formation (Petermann et al.
2010). These data prompted us to examine the timing of
recruitment of DSB repair proteins. MRE11, KU70, and
KU80 exhibited a recruitment profile in which low amounts
were observable before the addition of HU, and remained
unchanged for 2 h after HU addition (Fig. 3C). However, by 4
h in HU, we detected a significant increase in all of these
proteins near the stalled fork (Fig. 3C). RAD51 was first
detectable after HU addition, but its levels also increased
significantly by 4 h, suggesting thatDSBsmay formbetween
2 and 4 h after the fork is stalled. KU70 and KU80may bind
to some of the single-ended breaks, and RAD51 may bind
to others.
At DSBs, MRE11-dependent end resection is required to

load RAD51 (Mimitou and Symington 2009). At collapsed
forks, RAD51 may function to promote recombination-
based methods to re-establish the replication fork (Errico
and Costanzo 2010). To test whether the loading of
RAD51 at stalled forks also requires MRE11, we treated
cells with the MRE11 nuclease inhibitor mirin (Dupre
et al. 2008). Although the early recruitment of RAD51
occurred independently of MRE11, the late accumulation
required MRE11 activity (Fig. 3D), suggesting that end
resection promotes this loading. The timing of MRE11
recruitment also correlated with a large increase in RPA
S4/S8 phosphorylation (Fig. 3C), which was previously
linked to end resection at camptothecin-damaged forks
(Sartori et al. 2007).

gH2AX spreading from stalled forks before and after
fork collapse

We noticed that the rapid phosphorylation of H2AX near
the fork saturates within 30 min; however, global levels
continue to increase (Fig. 3B, cf. the click rxn lanes and
the input lanes). Therefore, we hypothesized that the

global increase stems from gH2AX spreading from the
stalled fork, as is observed near DSBs (Berkovich et al.
2007; Savic et al. 2009). To test this hypothesis, we first
labeled cells with EdU, then chased with thymidine for
various lengths of time to extend the distance between
the EdU-labeled fragment and the fork, and finally added
HU to stall the fork. We again observed maximum
gH2AX at the fork 30 min after HU addition; however,
the chromatin region distant from the fork contained low
but detectable levels of gH2AX that increased when
examined at 60 min after HU addition (Fig. 4A, cf. lanes
4–6 and 7–9). A more detailed analysis revealed that the
density of gH2AX gradually declined as a function of
distance from the stalled fork (Fig. 4B,C). Compared with
the saturated density at the fork, the gH2AX density
decreased approximately twofold for every 15 min of
thymidine chase time when cells were treated with HU
for 1 h. By 2 h, we observed increased gH2AX density in
all chromatin segments analyzed, suggesting that gH2AX
spreading contributes significantly to the global change in
gH2AX levels.
To examine the chromatin at a single location distant

from the fork, we repeated this experiment holding the
thymidine chase time constant at 30 min, and treated with
HU for varying times. We observed a steady increase in
gH2AX at this distance from the fork (Fig. 4D). Importantly,
these results indicate considerable spreading of the gH2AX
signal even shortly after fork stalling. Assuming a conserva-
tive rate of fork elongation of 1 kb/min, these data imply
that, within 1 h of fork stalling, gH2AX spreads to include
a large domain containing tens of thousands of base pairs of
DNA.
To identify the kinases that phosphorylate H2AX

adjacent to the stalled fork and that promote spreading,
we used small molecule kinase inhibitors. The selective
DNA-PK and ATM inhibitors NU7441 (Leahy et al. 2004)
and KU55933 (Hickson et al. 2004) had minimal effects
on the spreading or total levels of gH2AX induced by
a short (30- to 60-min) HU treatment (Fig. 5A; Supple-
mental Fig. 3A). However, these inhibitors did signifi-
cantly reduce gH2AX levels at all chromosomal positions
relative to the fork in cells treated with HU for 4 h (Fig.
5B,C; Supplemental Fig. 3B). These results indicate that
DNA-PK/ATM contributes to maintenance and spread-
ing of gH2AX at persistently stalled forks. In contrast,

Figure 3. iPOND monitors post-transla-
tional modifications and recruitment of
DDR proteins to stalled and collapsed rep-
lication forks. (A–D) Cells were labeled
with EdU for 15 min (A) or 10 min (B–D),
followed by a chase into HU for the in-
dicated times prior to performing iPOND.
(D) HU-treated cells were additionally coin-
cubated with or without the Mre11 inhibi-
tor mirin (100 mM) as indicated.
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treatment with caffeine, which preferentially inhibits
ATR (Sarkaria et al. 1999), significantly reduced gH2AX
formation and spreading shortly after the fork is stalled
(Fig. 5D). These results are consistent with a model in
which ATR phosphorylates H2AX at a stalled fork and
promotes initial spreading. At later time points, when
DSBs likely form at the fork, ATM and DNA-PKcs
maintain and further propagate the H2AX phosphoryla-
tion (Supplemental Fig. 4).

Discussion

Previous studies of the replisome and DDR responses at
stalled forks relied largely on immunofluorescent imag-

ing to track protein localization. While useful, immuno-
fluorescence has the significant disadvantages of low re-
solution and low sensitivity. For example, proteins that
exist at only single-copy levels at replication forks cannot
be tracked with immunofluorescent imaging. In contrast,
iPOND technology has dramatically improved sensitivity,

Figure 4. gH2AX spreads from a stalled replication fork. (A–D)
Cells labeled with EdU for 10 min were chased into thymidine-
containing medium prior to addition of HU, then processed
using iPOND. The length of the thymidine and HU treatments
is indicated. Quantitation of the click reaction samples in C at
the 2-h HU-treated samples is from three independent experi-
ments, and at the 1-h HU-treated samples is from two in-
dependent experiments.

Figure 5. Checkpoint kinases propagate H2AX phosphoryla-
tion from stalled replication forks. (A–C) Cells labeled with EdU
for 10 min were chased into thymidine, followed by treatment
with HU. The length of thymidine and HU treatments are
indicated. DNA-PK (KU7441, 1 mM) and ATM (KU5593, 10 mM)
inhibitors were added at the same time as HU in the indicated
samples. (C) Quantitation of the click reaction samples is the
average from two independent experiments and is normalized to
the 1-h HU treatment. (D) Cells labeled with EdU for 10 min
were chased into thymidine for either 0 or 30 min, followed by
a 30-min treatment with HU. Caffeine (10 mM) was added at the
same time as HU in the indicated samples.
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allowing us to detect even proteins such as polymerases.
Furthermore, combining iPONDwith pulse-chasemethods
provides high spatial and temporal resolution of protein
dynamics. Finally, iPOND also facilitates analysis of post-
translational modifications, which is often impossible with
immunofluorescent imaging due to poor antibody quality
or specificity.
Recently, the Helleday group (Petermann and Helleday

2010) isolated CldU-labeled DNA using an antibody to
show that Rad51 is bound to recently synthesized DNA.
However, they used a 40-min labeling time, so it is unclear
whether this method is sufficiently sensitive or specific to
produce high spatial and temporal resolution like iPOND.
Also, unlike CldU-IP, iPOND does not require ssDNA to
permit antibody access to an antibody epitope, and the
biotin–streptavidin purification procedure is compatible
with highly stringent conditions (1% SDS and 1MNaCl),
thereby improving specificity.
iPOND is an ensemble methodology. Thus, it provides

an average picture of events in different cells at stalled
forks throughout the genome. iPOND can be combined
with cell synchronization to examine replication and
chromatin maturation in early and late replicating geno-
mic regions. In principle, iPOND should be applicable to
any process involving DNA synthesis, such as analysis of
DNA excision repair.
A disadvantage of iPOND over ChIP methods is the

lack of a PCRamplification step. Thus,much larger amounts
of input material are necessary to achieve sufficient pro-
tein for detection. Fortunately, the covalent coupling of
EdU and biotin during the click reaction permits a single-
step, highly efficient purification in stringent buffer, salt,
and detergent conditions. A significant advantage of iPOND
compared with ChIP is its compatibility with unbiased
screening approaches. We anticipate coupling iPOND to
mass spectrometry to identify all proteins at active and
damaged replisomes. Furthermore, mass spectrometry
analysis of iPOND-captured histones will facilitate studies
of chromatin assembly and maturation.
Chromatin assembly is thought to occur by a stepwise

deposition of the core histones, followed by linker histones
and changes in post-translational modifications (Probst
et al. 2009). Our data confirm this assembly process in vivo
in cultured mammalian cells. Furthermore, we found that
at least some chromatin maturation processes, such as the
removal of acetylation on H4K5 and H4K12, proceed even
when decoupled from replisome movement. HDAC1,
HDAC2, and HDAC3 are enriched on newly synthesized
DNA, and an inhibitor that targets all three of these
enzymes prevents H4K5ac and H4K12ac deacetylation.
Intriguingly, deacetylation of H4K5ac and H4K12ac oc-
curred at the same rate, but acetyltransferases rapidly
reacetylated H4K12, suggesting a specific need for this
modification in some chromatin domains.
In the yeast Saccharomyces cerevisiae, H3K56 acety-

lation is also associated with newly deposited histones
during DNA replication, and promotes survival in re-
sponse to replication stress (Masumoto et al. 2005). We
were unable to detect this acetylation mark on newly
deposited histones or after HU treatment (data not shown).

This observation is consistent with other human cell
studies that found low levels of this post-translational
modification in total chromatin that further decreased in
response to DNA damage (Tjeertes et al. 2009).
Prominent changes in response to replication stress

include protein phosphorylation. Importantly, our data
indicate that H2AX phosphorylation spreads to a large
chromatin domain early in the response to fork stalling.
This early phosphorylation is catalyzed by ATR and is
unlikely to be due to the processing of the fork into a DSB
intermediate. Our data are consistent with previous
analyses implicating both ATR-dependent (Ward and
Chen 2001) and ATR-independent (Brown and Baltimore
2003; Gilad et al. 2010) H2AX phosphorylating activities
in response to fork arrest. Most models of ATR function
suggest that it is active only when bound to the ssDNA at
the stalled fork through an ATRIP–RPA interaction
(Cimprich and Cortez 2008), but our data indicate that
ATR helps spread the gH2AX signal. One possibility is
that the early spreading of gH2AX is due to looping of the
newly synthesized chromatin that brings it into proxim-
ity of ATR. Alternatively, ATR may have a method of
spreading its signal beyond the immediate ssDNA vicin-
ity, similar to the ability of active ATM to spread along
the dsDNA away from the DSB end (You et al. 2007).
MDC1 may be involved in such a process (Ichijima et al.
2011; Wang et al. 2011).
Persistent stalling of the fork for longer than 1–2 h

causes a switch in the DDR. RPA is hyperphosphorylated
on DNA-PK-dependent phosphorylation sites, ATM/
DNA-PK catalyzes further gH2AX spreading, and DSB
repair proteins like MRE11, KU70/80, and RAD51 accu-
mulate. RAD51 assembly at these persistently stalled
forks depends on MRE11 activity, suggesting a require-
ment for end resection. The end resection may be on the
template DNA strand, since we continued to capture
EdU-labeled DNA and associated proteins. Resecting the
leading strand template would yield a 39 overhang of
newly synthesized DNA, which could be used in re-
combination-based methods of fork repair and restart
(Petermann and Helleday 2010).
Overall, these data provide the first high-resolution,

time-dependent analyses of protein dynamics at active,
stalled, and collapsed replication forks in mammalian
cells. Furthermore, they validate iPOND as a powerful
method to study DDRs, chromatin deposition, and chro-
matin maturation during DNA replication.

Materials and methods

Cell culture

HEK293T cells were cultured in DMEM supplemented with
7.5% FBS. Stable cell lines expressing POLE2-HA and POLE3-
HA were generated by retroviral infection and selection in
puromycin-containing medium.

Plasmid constructs

POLE2-HA and POLE3-HA retroviral vectors were generated
by gateway cloning. pENTR POLE2 and pENTR POLE3 were
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recombined with pLPCX-GW-HA3X (pDC1127) to generate
a C-terminal HA-tagged POLE2 and POLE3 retroviral vectors.
pDC1127was created by subcloning a 3XHA epitope into pLPCX
between the Not1 and Cla1 restriction sites, then subcloning the
gateway cassette containing attR1, ccdB gene, and attR2 as an
EcoRV fragment between EcoR1 and Not1 sites.

iPOND

EdU-labeled sample preparation HEK 293T cells (;1.5 3 108

cells per sample) were incubated with 10–12 mMEdU (Vanderbilt
Synthesis Core). For pulse-chase experiments with thymidine
(Sigma), EdU-labeled cells were washed once with temperature-
and pH-equilibrated medium containing 10 mM thymidine to
remove the EdU, then chased into 10 mM thymidine. Other
chemicals were added to the cell cultures at the following
concentrations: HU (3 mM; Sigma), HAT inhibitor anacardic
acid (30 mM; Enzo), HDAC inhibitor FK228 (100 nM; kindly
provided by Dineo Khabele), Mre11 inhibitor Mirin (100 mM;
Sigma), ATM inhibitor (KU55933, 10 mM; AstraZeneca), DNA-
PK inhibitor (KU57788, 1 mM; AstraZeneca), and caffeine (10
mM; ICN Biomedicals). DMSO was used as a vehicle control
where appropriate.

After labeling, cells were cross-linked in 1% formaldehyde/
PBS for 20 min at room temperature, quenched using 0.125 M
glycine, and washed three times in PBS. Collected cell pellets
were frozen at !80°C, then resuspended in 0.25% Triton-X/PBS
to permeabilize. Pellets were washed once with 0.5% BSA/PBS
and once with PBS prior to the click reaction.

Click reaction Cells were incubated in click reaction buffer for
1–2 h at a concentration of 2 3 107 cells per milliliter of click
reaction buffer. The click reaction buffer contains Invitrogen’s
Click-iT cell reaction buffer and cell buffer additive (C10269), 2
mM copper (II) sulfate (CuSO4), and 1 mM photocleavable biotin-
azide (Kim et al. 2009) (kindly provided by Ned Porter). DMSO
was added instead of biotin-azide to the negative control samples
(no clk in all figures). Cell pellets were washed once with 0.5%
BSA/PBS and once with PBS.

Cell lysis Cells were then resuspended in lysis buffer contain-
ing 1% SDS, 50 mM Tris (pH 8.0), 1 mg/mL leupeptin, and 1 mg/
mL aprotinin. Samples were sonicated (Micro-tip, Misonix 4000
or Fisher Scientific Sonic Dismembrator model 500) using the
following settings: 13–16W, 20-sec constant pulse, and 40- to 59-
sec pause for a total of 4–5 min. Samples were centrifuged at
13,200 rpm for 10min, filtered through a 90-mmnylonmesh, and
diluted 1:1 (v/v) with PBS containing 1 mg/mL leupeptin and 1
mg/mL aprotinin prior to purification.

Purification Streptavidin–agarose beads (Novagen) were washed
1:1 (v/v) twice in lysis buffer and once in PBS. Washed beads were
incubated with the samples for 14–20 h at 4°C in the dark. The
beads were washed once with lysis buffer, once with 1 M NaCl,
and then twice with lysis buffer. Captured proteins were eluted
and cross-links were reversed in SDS sample buffer by incubating
for 25 min at 95°C. Proteins were resolved on SDS-PAGE and
detected by immunoblotting. In most cases, quantitative immu-
noblotting was performed using the Odyssey infrared imaging
system.

Antibodies

Antibodies used were as follows: PCNA (Santa Cruz Biotechnol-
ogy); CAF-1 p60, RPA32, pRPA32 S4/S8, pRPA32 S33, and
pSMC1 S966 (Bethyl Laboratories); FK2 (Calbiochem); RAD51,

H2B, H2A, H3, H4,H4K5Ac, KU70, KU80,HDAC1,HDAC2, and
HDAC3 (Abcam); gH2AX, H1 (Millipore); MRE11 (Genetex);
H4K12Ac and H4K20me1 (ActiveMotif); and anti-HA (Covance).

Determination of DNA fragment size

To determine DNA fragment size, 5 mL of pre- and post-
sonication samples were incubated at 65°C to reverse the
DNA–protein cross-links, then incubated with RNaseA and
proteinase K. DNA samples were resolved on a 1.5% agarose
gel, stained with ethidium bromide, and visualized under UV
light. DNA fragment sizes ranged between 100–300 bp. It should
be noted that we determined that the CuSO4 in the click
reaction catalyzes cleavage of the phosphodiester bond and
assists in generating the small fragment size.
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